Acetaminophen (APAP) is one of the most commonly used analgesics worldwide, and overdoses are associated with lactic acidosis, hepatocyte toxicity, and acute liver failure due to oxidative stress and mitochondrial dysfunction. Hepatoma cell lines typically lack the CYP450 activity to generate the reactive metabolite of APAP observed in vivo, but are still subject to APAP cytotoxicity. In this study, we employed metabolic profiling and isotope labelling approaches to investigate the metabolic impact of acute exposure to cytotoxic doses of APAP on the widely used HepG2 cell model. We found that APAP exposure leads to limited cellular death and substantial growth inhibition. Metabolically, we observed an up-regulation of glycolysis and lactate production with a concomitant reduction in carbon from glucose entering the pentose-phosphate pathway and the TCA cycle. This was accompanied by a depletion of cellular NADPH and a reduction in the de novo synthesis of fatty acids and the amino acids serine and glycine. These events were not associated with lower reduced glutathione levels and no glutathione conjugates were seen in cell extracts. Co-treatment with a specific inhibitor of the lactate/H + transporter MCT1, AZD3965, led to increased apoptosis in APAP-treated cells, suggesting that lactate accumulation could be a cause of cell death in this model. In conclusion, we show that APAP toxicity in HepG2 cells is largely independent of oxidative stress, and is linked instead to a decoupling of glycolysis from the TCA cycle, lactic acidosis, reduced NADPH production, and subsequent suppression of the anabolic pathways required for rapid growth.
Introduction
Acetaminophen (APAP, paracetamol, or N-acetyl-p-aminophenol) is one of the world's most commonly used drugs due to its antipyretic and analgesic properties. While it is widely used and generally safe to take at low dosage (the FDA-approved dose is less than 4 g per person per day), APAP is also the world's leading cause of drug overdose and acute liver failure, with a number of these episodes being attributed to unintentional overdosing on APAP/opioid combination analgesics (Bunchorntavakul and Reddy 2013; Yoon et al. 2016) .
Hepatotoxicity and necrotic liver tissue damage following overdoses are due to reactive metabolites produced from APAP in the liver. The overwhelming majority of ingested APAP is metabolised via phase II metabolism (McGill and Jaeschke 2013) . At therapeutic doses, about 50-70% of APAP is glucoronidated [mainly via UGT1A1 and/ or UGT1A6 (McGill and Jaeschke 2013) ] and 25-35% is Volker Behrends and Guro F. Giskeødegård have equally contributed to this work. sulphated via enzymes of the SULT1 family to be excreted in urine (Coen 2015) . The remaining 5-15% are oxidised to the highly reactive N-acetyl-p-benzoquinone imine (NAPQI) by the P450 enzymes, mainly CYP2E1 (Dai and Cederbaum 1995) .
NAPQI readily binds sulfhydryl groups, such as in glutathione (GSH). At therapeutic doses, GSH-mediated detoxification prevents NAPQI build-up. Following overdoses, however, the GSH pool is depleted, leading to NAPQI binding of other proteins and protein damage. While NAPQI protein binding has also been observed at therapeutic doses in vitro, GSH depletion is still regarded as a pre-requisite for hepatotoxicity of APAP. This is further corroborated by the fact that N-acetyl cysteine (NAC), a GSH precursor, is one of the most effective acute treatments that can rescue APAP toxicity and works as an antidote in vivo if given early (McGill and Jaeschke 2013; Coen 2015) .
Mechanistically, a growing body of evidence suggests that NAPQI-mediated APAP toxicity targets mitochondrial proteins (Hinson et al. 2010) , potentially reducing respiration and inducing further oxidative stress, even though the exact mechanism is not yet understood. Down-stream, the relative loss of mitochondrial function and other knock-on effects, e.g., peroxynitrile-induced toxicity, lead to JNK/Alfmediated necrosis in the liver (Hinson et al. 2010; Jaeschke et al. 2012) .
Interestingly, this necrotic pathway is not seen in hepatoma lines like HepG2. HepG2 cells are an established, often used model of liver toxicity (Dai and Cederbaum 1995; Gerets et al. 2012; Jaeschke et al. 2012; Ramirez et al. 2017) studies, but have very low CYP2E1 activity (Jaeschke et al. 2012; Ramirez et al. 2017) , and thus, comparatively little NAPQI is formed in response to APAP dosage. Therefore, while HepG2 cells still die after high APAP exposure (Manov et al. 2002 (Manov et al. , 2004 Macanas-Pirard et al. 2004 ), albeit at higher concentrations than primary cells (Raza and John 2015) , they do so via caspase-mediated apoptosis, not necrosis (Jaeschke et al. 2012; McGill and Jaeschke 2013) . Furthermore, it has been shown that NAC treatment does not fully rescue HepG2 cells, though there is some evidence for GSH depletion after dosing (Manov et al. 2004) . As these findings point towards a different trigger for APAP-induced cell death in hepatoma lines, we were interested in investigating the biochemical changes following exposure.
In this study, we subjected HepG2 cells to acute high doses of APAP and compared cell viability, the changes in the intra-and extra-cellular metabolome, as well as carbon flux to that of unexposed controls. We found that shortterm, high-level exposure leads to pronounced changes in the metabolism of the cells, most notably a shift away from fatty acid synthesis towards glycolysis and lactate production. We showed that, while the reduced glutathione pool was not depleted, NADPH levels decreased sharply upon the APAP exposure. Based on our findings, we investigated the effect of co-exposure of APAP with AZD3965, an inhibitor of monocarboxylate transporter 1 (MCT1, SLC16A1), a key co-exporter of H + and lactate (Noble et al. 2017) . Co-dosing with AZD3965 produced synergistic effects on apoptosis, suggesting that APAP-induced cell death in HepG2 cells may be related to lactate production and increased risk of intracellular acidosis.
Methods

Cell culture
HepG2 cells were cultured in DMEM (Gibco), and supplemented with 10% dialysed fetal bovine serum (FBS), 5% non-essential amino acids, 1% penicillin/streptomycin, 5.6 mM glucose, and 2 mM l-glutamine. Cells were cultured as a monolayer at 37 °C in a humidified atmosphere with 5% CO 2 under normal oxygen conditions. The cells were passaged every 2-3 days. Only low passage cells, less than 15 passages from the state when these were purchased were used for experiments.
Toxicity assays
APAP was dissolved and diluted with the appropriate media, depending on the type of experiment (see below-metabolomic experiments). For some experiments, we additionally dosed cells with 20 mM valproic acid, 10 µM methotrexate (in 0.1% DMSO), or 0.1% DMSO as control. To ascertain cell survival, cell activity and flow cytometry were used.
Flow cytometry
HepG2 cells were seeded in 96-well plates (Sarstedt) in DMEM and at a cell density of 3.5 × 10 4 cells per well. Media in each well were supplemented with the appropriate concentration of APAP and/or AZD3965 (see Table 1 ). Host cell viability was tested at 24 and 48 h after treatment. To recover both necrotic and apoptotic cells, the 96-well plates were centrifuged at 400×g for 10 min and supernatant was discarded. Cells were trypsinized for 5 min at 37 °C, diluted in DMEM, and centrifuged at 400×g for 10 min. Supernatant was again discarded. Afterwards, each sample was double stained in 25 µl of DMEM-containing 1.25 µl of annexin V-FITC and 2.5 µl of propidium iodide (PI) (Becton Dickinson, BD) and incubated at room temperature for 15 min. Finally, samples were diluted with 100 µl of DMEM and host cell viability was measured by flow cytometry (BD Accuri™ C6 Plus). To assess cell viability and cell death, 5000 events were recorded by flow cytometry to calculate the percentage of each cell population. Based on their forward and side scatter properties (FSC and SSC, see Fig. S1 ), percentages of live (higher FSC, lower SSC) and dead (lower SSC, higher FSC) cells were calculated among the whole-cell population. Annexin V/PI staining was used to detect apoptotic and necrotic cells, where Annexin V +/ PI − cells are considered the early apoptotic and Annexin V +/PI + cells are considered necrotic or late apoptotic.
Sampling and extraction for metabolomics experiments
For toxicity metabolomics experiments, cells were trypsinised and re-suspended in full medium; 250,000 cells were seeded per well on a 6-well plates and allowed to adhere over-night. The medium was aspirated the next day (24 h after seeding) and was replaced with the experimental culture media, and cells were allowed to equilibrate for 1 h in DMEM (Gibco), and supplemented with 10% dialysed fetal bovine serum (FBS), 1% penicillin/streptomycin, 5.6 mM glucose, and 2 mM l-glutamine before change of media and addition of APAP. The media composition was modified to introduce either 5.6 mM U-13 C 6 -glucose, 5.6 mM 1,2-13 C 2 -glucose, or 2 mM 13 C 5 -glutamine as carbon sources depending which fluxes were investigated. All experiments were performed as independent biological triplicates.
The samples were harvested after 6 h. The media were collected and immediately placed on ice. The cell monolayer was washed with 500 µl of cold (4 °C) Ringer's solution, which was aspirated before the addition of 750 µl of cold methanol (− 20 °C). The methanol-quenched cells were then scraped from the surface of the well and the entire sample was transferred to a clean 2 ml tube. To increase metabolite recovery, each well was washed with a further 750 µl of cold methanol and pooled with the first sample. The methanol-quenched samples were dried down in a vacuum concentrator (SpeedVac). For the extracellular media samples, 1 ml of the culture media were transferred to fresh Eppendorf tubes and centrifuged (8000×g, 5 min) to remove potential cell debris. Dried down cell samples and media were stored at − 80 °C until further use.
A dual-phase methanol/chloroform extraction was used to recover aqueous metabolites and non-polar metabolites from the samples. Metabolites were extracted from the dried extracts and the samples were kept on ice during the extraction. 300 µl of chloroform/methanol in a 2:1 ratio was added to crude extract and the sample was mixed by vortexing. Then, 300 µl of UPLC grade H 2 O were added (giving a final chloroform:methanol:water ratio of 2:1:3), vortexing was repeated and the sample was centrifuged at 16,000×g for 5 min. Upper aqueous fraction and lower organic fraction were transferred to separate silanized GC-MS vials and the procedure repeated on the remaining interphase to ensure maximum yield.
Nuclear magnetic resonance spectroscopy 420 µl of culture medium, 120 µl of 1 mM 4,4-dimethyl-4-silapentane-1-sulfonic acid (DSS) in deuterium oxide (D 2 O) as an internal standard, and 60 µl of 500 mM phosphate buffer, pH 7 were mixed and transferred to 5 mm glass NMR tubes for analysis. High-resolution 1 H NMR spectra of cell culture media were acquired at 14.1 T (600.13 MHz 1 H frequency) using a Bruker AVANCE 600 spectrometer (Bruker, Rheinstetten, Germany), equipped with a 5 mm inverse probe. Proton spectra were acquired following the approach described previously (Beckonert et al. 2007 ). Briefly, a one-dimensional NOESY pulse sequence was used for water suppression; data were acquired into 32 K data points over a spectral width of 12 kHz, with eight dummy scans and 128 scans per sample, and an additional longitudinal relaxation recovery delay of 3.5 s per scan, giving a total recycle time of 5 s. Carbon spectra were acquired using a one-dimensional pulse sequence with power-gated decoupling (zgpg pulse sequence) into 65,536 data points, with 640 scans per sample.
Gas chromatography-mass spectrometry
Dried aqueous extracts were supplemented with 10 µl of 1.5 mg/ml myristic acid-d27 as an internal standard, and the samples were dried down using a vacuum concentrator (SpeedVac). Derivatisation of unlabelled samples followed a two-step process described previously (Kind et al. 2009 ). First, samples were derivatised with methoxyamine. To this end, 20 µl of 20 mg/ml methoxyamine (in anhydrous pyridine) were added to samples, samples were mixed and quickly centrifuged, followed by incubation for 90 min at 30 °C. Afterwards, samples were silylated by adding 80 µl MSTFA (with 1% TMCS, Thermo) and incubated for 45 min at 37 °C. For samples derived from media containing 13 C glucose or 13 C glutamine, methoximation was followed by silylation by adding 80 µl of MTBSTFA (with 1% TBDMS, Thermo) and incubation for 60 min at 70 °C. After incubation, samples were cooled and centrifuged. Finally, the samples were transferred to de-activated glass vial inserts prior to injection.
Dried organic extracts supplemented with 10 µl of 1.5 mg/ml myristic acid-d27 as an internal standard were dried down using a vacuum concentrator before lipid-bound fatty acids were trans-esterified. To this end, samples were reconstituted in 333 µl of methanol/toluene solution (1:1 v/v ratio), and treated with 167 µl of 0.5 M sodium methoxide and incubated at room temperature for 1 h. Reaction was halted by the addition of 500 µl of 1 M NaCl and 25 µl of concentrated HCl. The methylated fatty acids were liquid-liquid extracted using two volumes of hexane (500 µl), and the combined organic layers were dried under N 2 . Samples were reconstituted with 40 µl acetonitrile, free fatty acids silylated by adding 40 µl of MSTFA (with 1% TMCS) (Thermo) and incubated for 30 min at 37 °C. Finally, the samples were then transferred to de-activated glass vial inserts prior to injection.
GC-MS analysis was performed on an Agilent 7890 GC system connected to an Agilent 5975 MSD operating under electron impact ionization (Agilent Technologies). Metabolites were separated with a 30 m DB-5MS capillary column with an attached 10 m Duraguard column. Samples were injected with an Agilent 7693 autosampler injector into deactivated split-less liners using helium as the carrier gas at a flow rate of 1 ml/min. The chromatography parameters were based on the Fiehn method (Kind et al. 2009 ).
Data analysis
NMR spectra were apodized (0.5 Hz), Fourier transformed, followed by phase and baseline correction in iNMR 3.6 (Mestrelab). The data were then exported as full-resolution spectra to Matlab 2014b (Mathworks) for the further analysis using integration scripts written by the authors. We assigned metabolites by comparison of the chemical shift and multiplicity of resonances with internal and online databases (Wishart et al. 2007 ). Signal intensities were normalised to DSS.
GC-MS data were processed using the current version of the MATLAB-based pipeline Gavin (Behrends et al. 2011) . Briefly, spectra derived from unlabelled samples were processed through the deconvolution software AMDIS (Stein 1999) , using the Fiehn library as database (Kind et al. 2009 ), and raw data and AMDIS output files were imported into Gavin for semi-automated curation and backfilling of the integrated data matrix. Metabolite levels were normalised to cell number. For 13 C labelled spectra, in-house retention and mass spectral information were used for import and automated natural isotope correction [based on ref. (Millard et al. 2012) ] was carried out for integrated metabolites. For trans-esterified fatty acids, the mass isotopologue distribution (MID) vectors were normalised and isotopomer spectral analysis applied using the ConvISA algorithm (Tredwell and Keun 2015) .
Results
To assess toxicity of APAP to HepG2 cells, we carried out a high-dose short-exposure experiment. As previously reported (Manov et al. 2002 (Manov et al. , 2004 Macanas-Pirard et al. 2004) , APAP is toxic and results in cell death in HepG2 cells with toxicity showing a clear concentration dependence and a clear drop in cell viability is visible in the low mM range (24 h exposure, Fig. 1a, Fig. S1 ). Moreover, we observed that APAP also leads to severe growth arrest in vitro, with a little detectable proliferation from 2 mM APAP upwards (Fig. 1b) . We quantified the extra-cellular concentration of lactate, a readout for glycolytic rate or the Warburg effect which is a fundamental hallmark of cancer cells including hepatoma (Hanahan and Weinberg 2011) . We observed significantly higher overall extracellular accumulation of lactate in the APAP-treated samples (Fig. 1c, p < 10 − 4 in all comparisons, Student's t test). Interestingly, APAP-treated samples did not fit the inverse linear relationship of glucose consumption and lactate accumulation, observed in HepG2 cells under basal conditions or when exposed to other hepatotoxicants, using doses corresponding to LC10 (Fig. 1d) . These data pointed to rearrangements in intracellular metabolite flux, which we analysed by GC/MS and 13 C stable isotope tracers. We performed a dual-phase extraction to profile aqueous soluble as well as non-polar metabolites from HepG2 extracts (Fig. 2) . To assess changes in flux, we labelled the cells with U-13 C glucose or U-13 C glutamine and calculated the fraction of label found in each metabolite for each condition. We also quantified relative changes in metabolite pool size as a further indication of pathway perturbation. For central carbon metabolism, our data showed that glycolytic metabolites, as expected, were almost exclusively derived from glucose (Fig. 2a) . While labelling patterns from these metabolites were relatively stable with treatment, there was a sharp decrease in pool size for 3-phosphoglycerate, phosphoenolpyruvate, and pyruvate, while the intracellular levels of lactate were increased consistent with the higher production of this end product.
This shift towards higher lactate production in the presence of APAP implied a loss of entry of pyruvate into other pathways such as the TCA cycle. In control HepG2 cells, we detected high levels of m + 2 and m + 5 isotopologues of citrate in the presence of 13 C 6 glucose, demonstrating that under basal conditions pyruvate entry into the TCA cycle was via both pyruvate dehydrogenase and the anaplerotic pathway, pyruvate carboxylase (Fig. 2b) . As can be seen from Fig. 2 , the proportion of glucose-derived carbon in TCA cycle intermediates was significantly reduced from 29 to 49% in control samples to 6-19% in APAP-treated samples. In citrate, the effect was particularly pronounced with both 13 C labelling from glucose and glutamine falling from 38 to 18%, respectively, to below < 10% in both cases (Fig. 2b, c) . This confirmed that pyruvate entry into the TCA cycle and subsequent mitochondrial citrate production via citrate synthase flux had significantly decreased with APAP exposure. The overall labelling pattern for alphaketoglutarate, malate, and fumarate shifted from glucose and glutamine carbon contributing nearly 40% each in control samples to 13 C 5 glutamine contributing more than half and 13 C glucose only about one-fifth in the APAP-dosed samples (Fig. 2) . These intermediates can be labelled from 13 C glutamine in the absence of citrate oxidation via a truncated TCA cycle. The comparatively low abundance of m + 3 isotopologues in-for example-fumarate after APAP exposure indicated that anaplerotic labelling from 13 C 6 glucose after APAP treatment via pyruvate carboxylase and reverse flux of malate dehydrogenase and fumarate hydratase (Fig. S2) is minimal. Pool sizes of TCA metabolites remained relatively stable with the exception of malate which was reduced. Pool sizes of glutamine, asparagine, and aromatic amino acids (not shown) were increased. This was consistent with the suppression of the canonical TCA cycle and citrate synthesis by APAP.
Citrate plays an important anabolic role in rapidly dividing cells as is exported from the mitochondria to generate cytosolic acetyl-CoA (AcCoA) for de novo lipid (fatty acid) biosynthesis. To investigate the impact of APAP on this pathway, we carried out ISA on the organic fraction of the HepG2 extracts (Tredwell and Keun 2015) (Fig. 3) . In agreement with our labelling data for TCA metabolites, we found that glucose contribution to the lipogenic AcCoA pool was dramatically reduced (Fig. 3b, c) . While nearly 70% of labelled AcCoA was derived from glucose in the control samples, this fraction dropped to under 40% in APAP-treated cells. Conversely, the glutamine-derived fraction increases from around 25-45% (Fig. 3b, c) . In both cases, however, the ISA model predicted a sharp decrease in de novo synthesis of lipids and fatty acids upon treatment (Fig. 3b, c) . We also observed a reduction in other anabolic pathways, such as de novo synthesis of serine and glycine from glucose ( Fig. 2 ; Fig S3/S4 ). Collectively, these data suggest that a block on anabolism, consistent with a substantive reduction in proliferation, is a major metabolic consequence of APAP exposure in HepG2 cells. Fatty acid synthesis is dependent on NADPH, which is also essential for the recycling of oxidised glutathione ) during oxidative stress. Therefore, we investigated the significance of APAP-induced changes in glucose and mitochondrial metabolism on NADPH status. We found that, while total NADP(H) was increased in treated cells, the fraction of NADPH was sharply reduced after treatment implying possible oxidative stress (p < 0.05, Student's t test, Fig. 4a ). In contrast, total glutathione increased (p < 0.05, Student's t test) in treated cells, while oxidised glutathione remained unchanged (p = 0.83, Student's t test, Fig. 4b ). Furthermore, no evidence for GSH-conjugated APAP metabolites or mercapturates could be found in extracts assayed by NMR spectroscopy (data not shown). These would be expected if APAP was being activated to electrophilic metabolites such as NAPQI that are associated with the oxidative stress induced in the liver by APAP toxicity. Thus, we concluded that the loss of NADPH was not likely to be due to oxidative stress, but possibly reduced generation of NADPH. The pentose-phosphate pathway (PPP), which diverts metabolites from glycolysis, is a major source of cellular NADPH generation and recycling (Vander Heiden et al. 2009; Stincone et al. 2015) . Hence, we quantified M1  M2  M3  M4  M5  M6  M7  M8  M9  M10  M11  M12  M13  M14  M15 and compared relative fluxes through PPP and glycolysis using 1,2-13 C-glucose as a carbon source. In the PPP, the C1 carbon of incoming glucose is released as CO 2 during the conversion of 6-gluconate to ribulose-5-phosphate by 6-phosphogluconate dehydrogenase, meaning that labelled pathway intermediates and down-stream products carry one (or no) 13 C-labelled carbons. In contrast, glycolytic intermediates and products carry two (or no) labels when labelled with 1,2-13 C-glucose [ Fig. 4c , see ref. (Carpenter et al. 2014) for more details]. Lactate, a down-stream product of both pathways, is, therefore, either singly labelled at the C3 position or doubly labelled at C2 and C3, and the relative flux C NMR spectrum derived from supernatants of 1,2-13 C glucose-containing media, zoomed to the resonance of the C3 methyl group of lactate. The area of the singlet is proportional to PPP activity; the area of doublet is proportional to glycolysis activity. d Ratios of peak areas from 13 C NMR spectra of lactate for the indicated treatments. ***p < 0.0001, **p < 0.001. (Color figure online) 1 3 through PPP and glycolysis can be visualised and quantified by 13 C NMR spectroscopy of lactate from cell culture media (Fig. 4c) . Comparing cells dosed with APAP to those of cells dosed with different hepatotoxins and untreated controls, we found that relative PPP activity was significantly downregulated (by 45%, p > 0.001, Student's t test) compared to controls and other treatments (Fig. 4d) . This observation was consistent with the hypothesis that the reduction in NADPH after APAP exposure is due to a loss of PPP flux and subsequently lower NADPH generation.
As our results indicated that APAP treatment results in growth arrest, reduced fatty acid synthesis, as well as downregulation of the PPP, we investigated AMPK (phosphorylation) levels, as AMPK activity has been linked to those phenotypes in cancer cells (Jeon et al. 2012) . We found the both AMPK as well as phosphorylated AMPK level were unchanged (p > 0.9 for both untreated vs. treated comparisons) in response to treatment (Fig. S5) .
Increased intracellular production and extra-cellular accumulation of lactate increase the risk to the cell of lactic acidosis, and we hypothesised that this was contributing to cell death with the APAP exposure. To test this hypothesis, we co-dosed HepG2 cells with APAP and AZD3965, an inhibitor of the lactate-exporting monocarboxylate transporter 1, which should result in decreased viability of the cells. To maximise coverage, we treated cells in 36 conditions (see Table 1 ).
Our data from flow cytometry with annexin V/PI staining suggest that APAP and AZD3965 exert synergistic toxicity on HepG2 cells, particularly at high concentration, whereas, for example, treatment with 5 mM APAP led to a 27% reduction in cell viability compared to untreated controls and dosing with 1 µM AZD3965 only led to a 7% reduction, the combination of the two resulted in a 55% reduction (Table 1 ). The effect, however, was less pronounced at lower concentrations. Analysis according to Chou and Talalay (Chou and Talalay 1984) confirmed this (not shown). The exacerbated toxicity with AZD3965 was consistent with our hypothesis that APAP-exposed cells are more susceptible to cell death due to intracellular lactic acidosis. In addition, our results from annexin V/PI staining show that cell death follows a mainly apoptotic pattern, as evidenced by cells staining Annexin V + / PI − (Table 1) .
Discussion
Metabolic profiling has been a popular tool to describe physiological consequences of toxicity and studies have looked at a variety of biological system and toxins. The physiological effects of APAP toxicity in particular have been analysed multiple times both on a whole-body level in animal models as well as from human biofluids (Tang 2007; O'Connell and Watkins 2010; Coen 2015) . Because the pharmacokinetics are well understood and downstream metabolites are easily quantifiable from urine, APAP is often used as a test case for the application of metabolic profiling in contexts as diverse as epidemiology (Loo et al. 2009 (Loo et al. , 2012 or host-gut microbial interaction microbiology (Klaassen and Cui 2015) . However, the modelling of chemical toxicology and in particular metabolic processes in vitro is fraught with many challenges, including the use of a proliferating rather than a quiescent cell, limited retention of metabolic activities in immortalised cell lines, and the poor recapitulation of the in vivo metabolic environment and substrate availability. Studies of APAP toxicity in hepatoma lines such as HepG2 exemplify this problem very well, since, although it is clear that APAP induces cytotoxicity in this cell line, the type and mechanism of toxicity is likely to be different from that of primary hepatocytes (McGill et al. 2011; Jaeschke et al. 2012; Ramirez et al. 2017) , and there is substantial debate about the relevance to the toxicity observed in humans (Manov et al. 2004; Jaeschke et al. 2012 ). Yet, the question remains: what are the means by which APAP causes toxicity in this cell line, and what is the role of metabolic processes in this toxicity? The data presented here provide evidence in favour of altered mitochondrial metabolism and suppression of anabolism being major consequences of toxic doses of APAP in HepG2 cells, and that resulting lactic acidosis may be contributing specifically to cell death.
We found that HepG2 cells die after exposure to high levels of APAP with a dose response similar to that reported 
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Hep-G2 Fig. 5 Model of APAP-induced toxicity in HepG2 cells. Upon APAP exposure, glucose is mostly converted into lactate which is exported by the cells and production of citrate falls. The pentose-phosphate pathway is down-regulated, resulting in low NADPH levels. Together, this results in low de novo fatty acid synthesis previously (Manov et al. 2004; Raza and John 2015) . Conversely, McGill et al. (2011) reported higher resilience to APAP in HepG2. In our data, cell death, as suggested (Jaeschke et al. 2012) , follows a (mainly) apoptotic pattern, rather than the necrotic pattern seen for acute cell death in primary liver cells (Hinson et al. 2010) . We also found that APAP led to near complete growth arrest, preventing proliferation in vitro.
In our data, we find no evidence for GSH depletion, consistent with the relative paucity in CYP450 enzymes in HepG2 cells that leads to only low levels of NAPQI generation (Jaeschke et al. 2012 ). Other studies (Manov et al. 2004) have also reported only modest GSH depletion in HepG2 cells for concentrations similar to those used here, despite Raza and John (Raza and John 2015) reporting higher levels of Glutathione S-transferases (GST) in HepG2 cells upon APAP exposure. However, we found that NADPH levels were negatively affected by APAP treatment and this was accompanied by down-regulation of a key NADPH production process, the pentose-phosphate pathway. In consequence, any redox stress subsequent to APAP exposure in HepG2 cells may be due to reduced production of NADPH rather that consumption of reducing equivalents by reactive species.
Using the combinations of stable isotope ( 13 C) tracers, NMR and GC-MS profiling, and isotopomer spectral analysis (ISA), we found that APAP-treated HepG2 cells exhibit an enhanced 'Warburg' effect, in that lactate production from glucose exceeded the already elevated levels of cancer cells, leading to rapid depletion of glucose from the media. Intracellularly, labelling patterns showed a decrease in the proportion of glucose-derived carbon in TCA cycle metabolites in the treated samples compared to controls. While relative flux from glutamine was increased to compensate for this, citrate production was not restored and pool sizes of TCA metabolites were generally lower (Fig. 5) . Interestingly, Prill et al. (2016) investigated APAP toxicity in a 3D cell model involving HepG2 cells and found that APAP exposure led to a transient decrease in oxygen uptake and cell death associated with blocking of complex III of the electron transport chain (ETC). Such inhibition of the ETC causes NADH accumulation and feedback inhibition of the TCA cycle enzymes and pyruvate dehydrogenase which could explain reduced entry of glucose-derived pyruvate into the TCA cycle.
We also found that de novo fatty acid synthesis was severely negatively impacted by the APAP treatment. This finding is echoed in the other studies using metabolic profiling to investigate APAP toxicity. A recent study investigating HepaRG cells (Van den Eede et al. 2015) found a decrease in unsaturated phospholipids upon treatment. While HepaRG are thought to be physiologically 'closer' to primary hepatocytes and have higher CYP2E1 expression (McGill et al. 2011) , the fact that similar metabolic pathways are affected by APAP exposure in both models is interesting. This inhibition of fatty acid synthesis could be due to the reduced capacity after APAP treatment of mitochondria to produce citrate, the source of cytosolic acetyl-CoA which is the carbon source for de novo synthesised fatty acids. Alternatively, this could be explained by the drop in NADPH levels, as fatty acid synthesis is also a major consumer of NADPH.
High levels of anabolism, particularly de novo lipogenesis (Currie et al. 2013 ) and NADPH production, are a requirement for rapid proliferation of cancer cells as observed for HepG2 cells in culture. Therefore, the inhibition of these processes by APAP could be a key contributor to the reduced proliferation in this cell model observed with the APAP treatment. Furthermore, these metabolic responses may be specifically relevant to proliferating cells and not quiescent primary cells. While it was not possible to determine from our experiments whether the loss of NADPH and lipogenesis was consequential to the loss of mitochondrial metabolism, we did not see the activation of the AMPK pathway which normally suppresses NADPH and fatty acid production if ATP levels fall (Jeon et al. 2012) . This implies that the loss of citrate and NADPH production is a more significant factor in the inhibition of anabolism than a loss of energy production. Furthermore, while the increase in glycolytic rate observed could compensate for loss of mitochondrial ATP production, it possibly comes at the cost of PPP-driven NADPH production and, thus, biosynthesis and growth.
Combinatorial dosing with the MCT-1 inhibitor AZD3965 leads to increased cell death in HepG2 cells, implying that excessive lactate production was contributing to cell death in this model. Other studies have shown that the anti-cancer effects of AZD3965 can be enhanced by combination with respiratory inhibitors such as metformin (Marchiq et al. 2015; Noble et al. 2017; Beloueche-Babari et al. 2017) , which further supports the inhibition of mitochondrial respiration as the initiating event of APAP toxicity in HepG2 cells despite the lack of NAPQI generation. Both agonistic and antagonistic interactions with high-dose acetaminophen have been described with the other therapeutics. For example, highdose APAP suppresses the activity of doxorubicin, a common chemotherapeutic (Manov et al. 2007 ). Conversely, two drugs used in treatment of tuberculosis, rifampicin and isoniazid, have been reported to increase APAP toxicity (Nicod et al. 1997) , though the mechanism remains to be elucidated. Lactic acidosis has been observed as an important early event in human overdose of APAP, prior to hepatocellular toxicity (Shah et al. 2011) . However, the model system used here is not appropriate to extrapolate to this phenomenon and further work is needed to evaluate the relevance of the mechanisms defined in HepG2 cells to the clinical setting.
Our data show that APAP and AZD3965 exhibit synergistic properties, particularly at high-dose, suggesting that the metabolic changes associated with APAP exposure enhance the efficacy of MCT-1 inhibition.
Limitations and future work
Our study points to a potential oxidative stress-independent impact of APAP on hepatoma physiology. While we propose a model involving glycolysis and the TCA cycles, further measurement, for example, direct measurements of ETC activity in isolated mitochondria or markers of cell cycle could be carried out to compile further evidence. As stated above, HepG2 cells differ from many hepatoma lines in their low CYP2E1 expression. Studies in other hepatoma cell lines with low CYPE1 expression, such as Hep3B cells, would strengthen our finding of NAPQI-independent cell death from APAP. Moreover, studies with cell lines with higher CYPE1 expression, such as primary hepatocytes, HepaRG (McGill et al. 2011) , or artificial induction of CYP450 enzymes (Gerets et al. 2012) , could be employed to investigate the general applicability of our findings.
In this study, we describe the impact of APAP toxicity on de novo fatty acid synthesis. This, of course, falls short characterising the impact in the whole lipid pool. It would, therefore, be beneficial to employ a full lipidomic approach to characterise the impact of APAP on this compound class. In our discussion, we present a model explaining the impact of APAP on the NADPH pool and lactate production. In the future, further mechanistic studies are need to fully elucidate how APAP manages to alter metabolic flux, which proteins it binds and why the cells are driven into an enhanced Warburg effect. Importantly, the signalling cascade leading to growth arrest needs to be elucidated.
Conclusion
Our data show that APAP leads to severe metabolic alterations in the HepG2 cell line, negatively impacting proliferating capacity and providing an oxidative stress-independent mechanism for killing of hepatoma cell lines.
